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Introduction

As detailed in the accompanying review [1], simple

NMR spectra such as the 1D 1H NMR spectrum and
15N-HSQC can rapidly provide a great deal of informa-

tion about a protein using a relatively small amount of

sample. For example, one can quickly assess the degree

of folding of the protein, its thermal and temporal sta-

bility, and its aggregation propensity. Over the last

20 years, the technology for protein structure determi-

nation using NMR methods has developed such that

high-quality structures can be determined comparable

with those determined using X-ray crystallography.

One of the traditional strengths of NMR spectro-

scopy is its versatility. NMR methods have been used

to provide structural and functional information on

materials as diverse as human tumours [2], spider silk

[3] and soil [4]. This versatility is also reflected in the

world of biomacromolecular NMR, and approaches

have been developed to probe proteins that are chal-

lenging for X-ray diffraction methods, including inher-

ently flexible [5] and integral membrane proteins [6].

The analysis of protein interactions – both with other

macromolecules and with small molecule ligands – is a
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A strength of NMR spectroscopy is its ability to monitor, on an atomic

level, molecular changes and interactions. In this review, which is intended

for non-spectroscopists, we describe major uses of NMR in protein science

beyond solution structure determination. After first touching on how

NMR can be used to quickly determine whether a mutation induces struc-

tural perturbations in a protein, we describe the unparalleled ability of

NMR to monitor binding interactions over a wide range of affinities,

molecular masses and solution conditions. We discuss the use of NMR to

measure the dynamics of proteins at the atomic level and over a wide range

of timescales. Finally, we outline new and expanding areas such as macro-

molecular structure determination in multicomponent systems, as well as in

the solid state and in vivo.
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particular strength of NMR, and the ability to probe

protein dynamics has also developed into a mature dis-

cipline. The purpose of this review is to outline the

range of different applications, other than solution

structure determination, for which NMR can be used

in the analysis of proteins. The focus is on relatively

easy to perform experiments that at most require

simple isotope labelling strategies.

Assessment of protein folding by NMR

Screening site-directed mutants

NMR spectroscopy can be an enormously helpful tool

for functional mapping of a protein. It is common bio-

chemical practice to use site-directed mutagenesis as a

means to determine the functional importance of a res-

idue. However, such an experiment always prompts

the question: ‘How localized are the effects of the

mutation and has it affected the protein fold?’ Because

each peak in an NMR spectrum is a sensitive probe of

the local chemical environment experienced by the

nucleus, easily recorded spectra such as 1H 1D (Fig. 1)

and 15N-HSQC NMR spectra can provide a simple

and rapid assessment of whether a mutant protein is

properly folded or not. The extent and location of

any structural perturbations can also be monitored in
15N-HSQC spectra if resonance assignments are avail-

able for the protein. Small chemical shift changes for

residues in the immediate vicinity of the mutation

would be expected, but more substantial changes might

indicate that the mutation causes a more significant

change to the structure or dynamics of the molecule

[7]. In general, we would recommend that an analysis

of this type be considered an essential aspect of any

mutagenesis study, especially when no other assay is

available to confirm proper folding of the protein.

Probing folding pathways

Akin to observing the effect of a mutation on the

structure of a protein, 1D and 2D NMR experiments

have been used to monitor the process of protein fold-

ing [8]. The 15N-HSQC experiment is especially power-

ful in following protein folding because a large number

of amide resonances can be monitored simultaneously;

thus, a probe exists for almost every residue in the

protein. Recently, a combination of rapid sample mix-

ing and fast NMR acquisition approaches have pro-

vided the ability to monitor folding in real time, at

least for slow-folding proteins [9,10]. Valuable infor-

mation about protein folding intermediates can be

gained from such analyses. For example, monitoring

of the folding of a-lactalbumin in this fashion revealed

that all amide sites appear to undergo a single transi-

tion between the molten globule and folded states [10];

whereas a similar analysis of b-microglobulin indicated

that this protein does not fold in a simple two-state

manner [11].

Probing protein complexes

Assessing protein interactions by chemical shift

and intensity changes

An important aspect of biology is the formation of

bimolecular and higher order complexes. NMR experi-

ments can detect such binding events even when the

strength of the interaction is very weak (with Kd in the

mm range) and difficult to detect by other biophysical

techniques. The potential also exists to determine dis-

sociation constants, and to discern the number and

location of binding sites. With the development of

high-field NMR spectrometers and cryogenically

cooled probes, ligand binding experiments can be per-

formed easily on 50 lm samples using volumes as

small as 100 lL.

Fig. 1. 1D 1H NMR spectra of the wild-type and several point

mutants of a classical zinc finger from a mammalian transcription

factor. The amide proton region of the spectrum is shown, and the

data clearly indicate that the mutants A, B and C are well-folded

and have conformations that closely resemble the wild-type

domain, whereas D and E are not correctly folded and therefore

should not be used for any subsequent functional experiments.
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First impressions of ligand binding can be obtained

without resonance assignments: one can simply ask

whether the chemical shifts or resonance intensities are

affected upon the addition of ligand (that is, does the

ligand bind at all?). More detailed information, such as

the ligand binding site, is obtained after complete

assignment of all peaks in the 15N-HSQC spectrum. To

identify the amino acid residues involved in ligand bind-

ing, the labelled protein sample is titrated with ligand

and 15N-HSQC spectra recorded following each addi-

tion. Because the ligand is unlabelled, it will be effec-

tively invisible in the experiment, although its effects on

the protein can be observed. Peaks from residues

involved in ligand binding will experience a change to

their chemical environment that will be manifested as

changes in peak position and ⁄or intensity. The nature of
these changes is effectively dependent on the off-rate of

the interaction and the chemical shift difference between

the free and bound states. Suffice to say, three broad

conditions are observed (Fig. 2): (a) when the off-rate is

much less than the frequency (chemical shift) difference

between the free and bound states, the signal of the free

state disappears in stages and reappears elsewhere in the

spectrum as a resonance reflecting the bound state; (b)

when the off-rate is much greater than the chemical shift

difference between the two states, the peak gradually

shifts position in the spectrum towards the chemical

shift of the bound state; and (c) when the off-rate is

about equal to the chemical shift difference between the

two states, the peak broadens substantially and shifts; it

may even vanish during the titration. These three condi-

tions are referred to as slow, fast and intermediate

exchange and they are typically associated with dissocia-

tion constants of submicromolar, high micromolar to

millimolar, and micromolar, respectively.

Binding events typically affect nuclei within or near

the binding site and so determination of which signals

undergo the largest changes will reveal the location(s)

of binding sites. Plots of chemical shift change during

the titration (for fast exchange data) or intensity

changes (for slow exchange data) can also be fitted to

determine the Kd [12]. This approach is most straight-

forward in the former case, and it has been applied to a

wide range of systems, including carbohydrate-binding

proteins with one or multiple binding sites [13,14], pro-

tein–protein complexes [15,16] and nucleic acid-binding

proteins [17–19]. In each case, resonance assignments

were already available and binding caused significant

chemical shift changes that could be mapped to discrete

binding sites on the protein. If the affinity of an interac-

tion is strong and the exchange rate is slow, reassign-

ment of the protein signals must be carried out

independently for the bound form and to obtain a

structure of the complex [20]. However, even in the

absence of bound-state assignments, intensity changes

allow some mapping of the binding site [21,22].

The formation of encounter complexes is a subtle

phenomenon that has only recently become accessible

through the high-resolution of NMR measurements.

For example, the interaction between phosphorylated

Fig. 2. Different chemical-exchange regimes observed in 2D 1H,15N-HSQC titrations of two proteins with a small oligosaccharide. (A) Series

of eight 15N-HSQC spectra of protein A in the presence of increasing amounts of oligosaccharide. In these spectra, several resonances show

exchange on either the fast or intermediate timescale. Two peaks are marked as not affected. As examples of fast exchange, the three

peaks indicated by arrows are shown to shift gradually through the spectrum in a ‘straight line’, indicating that a single interaction event

occurs. Two peaks are circled that show intermediate exchange. The peak on the right broadens and disappears at the first titration point

and does not appear to return; the peak on the left broadens and begins to reappear at the end of the titration. (B) Series of three 15N-HSQC

spectra of protein B during the addition of oligosaccharide. Chemical exchange in this titration is substantially slower. Shown in black are res-

onances in the absence of ligand. The red spectrum is taken at a 0.5 : 1 molar ratio of ligand:protein and the blue spectrum shows the pro-

tein saturated with ligand. For each of the resonances indicated with arrows, two peaks are observed at 0.5 : 1, one for the free protein and

another for the complex.
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kinase-inducible activation domain (pKID) and the

KIX domain of the transcription factor CREB [23]

was analysed by the addition of KIX to 15N-labelled

pKID. At sub-stoichiometric levels of KIX, signals in

the 15N-HSQC spectrum of pKID shift, as expected, in

a ‘straight line’; however, the direction of change is

not initially towards the fully bound pKID-KIX posi-

tions, and overall the signals trace out non-linear paths

during the titration. Such behaviour suggests that an

initial (or encounter) complex is formed at sub-stoichi-

ometric levels of KIX and that this complex is distinct

from and converts to the final fully bound state.

Finally, in these chemical-shift mapping experiments,

one must also be alert to the possibility of substantial

conformational change. If the 15N-labelled protein

does undergo a significant change in conformation

(e.g. an unfolded-to-folded transition), then chemical

shift changes can extend across a much larger region

than simply the binding interface.

Saturation difference spectroscopy

Chemical shift mapping is relatively straightforward

providing that the protein of interest can be isotopically

labelled and is of a molecular mass that yields a reason-

able 15N-HSQC spectrum. For large proteins and

supramolecular complexes that do not give workable

NMR spectra a method called saturation transfer differ-

ence (STD) can provide a great deal of useful informa-

tion [24]; STD-NMR is widely used in drug discovery

for finding weak binding compounds that can serve as

drug leads [25]. A simple 1D experiment can take just a

few minutes to acquire and so screening for ‘hits’ among

a compound library containing thousands of members

in a high-throughput manner is easily achieved. The

experiment is also useful for mapping the binding epi-

tope of a ligand that recognizes its receptor [26], even

though no information can be obtained about the site

on the protein receptor to which the ligand binds. In

STD-NMR, the interaction is monitored by observing

the NMR spectrum of the ligand, following saturation

of resonances that correspond to nuclei in the protein

(Fig. 3A). Only nuclei in the ligand that directly contact

the protein will be perturbed. A relatively fast off-rate

for complex formation (corresponding to Kd > �
0.1 lm) is a prerequisite for this approach; this is gener-

ally not a restriction in the screening of compound

libraries, which typically yield ‘hits’ with affinities in this

range. Unlike most NMR approaches, interactions in

which one of the binding partners is extremely large can

be probed. The approach has been applied to integral

membrane proteins [27] and even viral particles [28] and

whole cells [29].

In a related approach, information about protein–

protein interfaces can be obtained from cross-satura-

tion spectroscopy. If the two interacting partners in

a complex are made with different isotopic labelling

patterns, nuclei on one partner (the unlabelled partner)

can be selectively irradiated and the effects on the
15N-HSQC spectrum of the other (labelled) partner

observed [30] (Fig. 3B). An advantage of this approach

over the chemical-shift mapping experiments men-

tioned above is that cross-saturation will only be

observed for nearby nuclei – chemical shift changes

Fig. 3. Using saturation and NOE experiments to determine pro-

tein–ligand interactions. (A) Schematic of an STD experiment. In

this case, neither the protein nor the ligand are labelled and a well-

resolved resonance of the protein is excited. Excitation is passed

throughout the protein and transferred to the protein–ligand inter-

face, resulting in changes to the intensity of signals from the bound

ligand. (B) Schematic for cross-saturation experiments. The protein

is unlabelled, whereas the target (usually another protein) is labelled

with 2H and 15N. The target is back-exchanged into 1H2O so that

the 15N nuclei are at least partially protonated. The protein is nonse-

lectively excited, but the excitation is transferred from the target to

only residues at the protein–target interface. (C) Schematic for

using 13C-half-filtered NOESY experiments. The protein is labelled

with 13C, whereas the ‘ligand’, irrespective of whether it is a

protein, nucleic acid or any other molecule, is unlabelled. Protein–

protein (dots), ligand–ligand (dot-dash) and protein–ligand (solid

arrows) NOEs can now be separated.

M. Bieri et al. Macromolecular NMR for the non-spectroscopist II

FEBS Journal 278 (2011) 704–715 ª 2011 The Authors Journal compilation ª 2011 FEBS 707



can also be observed for residues that are distant to

the binding interface but undergo a conformational

change upon complex formation. However, cross-satu-

ration has seen relatively little use to date, because of

the requirement that one partner needs to be uniformly

labelled with 2H so that effects are confined to nuclei

at the binding interface.

Defining a complex by NOEs

Returning to the analysis of smaller protein complexes,

one can move beyond mapping of binding surfaces to

the determination of a high-resolution structure of a

complex using experiments based on the NOE (see the

accompanying review [1] for an explanation). For a

protein-protein complex, one could simply label both

components with 13C and 15N and then determine the

structure as if it were a single polypeptide chain. How-

ever, a cleverer strategy is available: the preparation of

several NMR samples in which only one or the other

component is labelled allows both simplification of the

spectra and the application of more sophisticated NOE

experiments in which one can selectively observe only

the NOEs within one subunit or those between the two

subunits (Fig. 3C) [31,32]. These latter NOEs are, of

course, particularly valuable in defining the binding

mode and they can be difficult to track down among

the thousands of intrasubunit NOEs in a traditional

NOESY experiment. Many structures have been deter-

mined using this strategy, including those of protein–

protein [33], protein–nucleic acid and protein–small

molecule [34] complexes, as well as oligomeric proteins

[35]. Even very low-affinity complexes are amenable to

this approach: the SH3 domain of PINCH-1 binds to

the LIM domain of Nck2 with an affinity of � 3 mm

and yet sufficient NOEs could be observed to define

the interface [36].

Low-resolution modelling of macromolecular

complexes

Full structure determination for a protein by NMR

can be labour intensive, and several strategies have

consequently been developed to allow the construction

of lower resolution (but still very useful) models of

protein complexes. These approaches take advantage

of the knowledge gained from mutagenesis and chemi-

cal-shift mapping experiments described above, in

combination with the structures of the two interacting

partners (which could be NMR or X-ray structures, or

even high-quality homology models). The structures

and interaction restraints are fed into programs such

as haddock [37], which bring the two partners

together to create models that are consistent with the

experimental interaction data. A strength of haddock

is that it can allow for conformational changes in both

the backbone and side chains of the two partners,

which is a substantial improvement over rigid-body

docking protocols. We have used haddock to obtain

models of several protein–protein and protein-DNA

complexes [38–40], with or without intermolecular

NOE data from half-filtered NOESY experiments. As

an example of the robustness of the protocol, the inter-

action between DNA and the DNA-binding domain of

the transcription factor MED-1 involved a substantial

conformational change of the protein, which formed

an additional 10-residue a-helix upon binding DNA.

haddock was able to account for this change to create

a structural model that was consistent with all NMR

and biochemical data [40] (Fig. 4).

Probing protein dynamics

It has long been recognized that proteins and other bio-

logical macromolecules are dynamic, displaying

motions from the picosecond all the way through to the

second timescale (Fig. 5). In many cases, these motions

are considered important for biological processes such

as catalysis, allosteric regulation, ligand binding and

protein folding, and NMR is the most powerful tech-

nique for deconvoluting these motions. In all NMR

experiments, the behaviour of the excited state of a

nucleus is followed as it returns towards its ground

state. The NMR signal is lost through both the nuclei

returning to their equilibrium energy state (a loss of

enthalpy) and by the excited state losing its coherence

(or organization, a gain in entropy). These processes are

collectively referred to as relaxation, and they are

brought about primarily by interactions between the

nucleus in question and nearby NMR-active nuclei (e.g.

other protons, 15N or 13C nuclei). The strength of these

interactions depends strongly on molecular motion.

Thus, the time taken for each nucleus to either return to

its equilibrium state or to lose its coherence can provide

information on the local dynamics of the protein, and

such motion can occur on timescales ranging from pico-

seconds to seconds or more.

Fast motions (ps–ns)

These motions are accessible through the measurement

of the relaxation rate constants for individual 13C or
15N heteronuclei in a protein, using HSQC-type experi-

ments. Three different parameters are typically

obtained for each nucleus: the R1 and R2 relaxation

rate constants and the magnitude of the NOE between

Macromolecular NMR for the non-spectroscopist II M. Bieri et al.
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each amide proton and its attached nitrogen. It is not

important to know exactly what these parameters mea-

sure, but suffice to say that R1 and the 1H-15N NOE

report directly on the existence of motions on the ps to

ns timescale, whereas R2 additionally depends on

slower motions on the ls to ms timescale. These data

can be analysed [41–43] to separate contributions from

internal motion and overall Brownian diffusion. Inter-

nal motion on the ps–ns timescale is described by the

generalized order parameter S2, often called an

‘entropy meter’. S2 describes the rigidity of each resi-

due and it can have a value between zero, for a

nucleus undergoing completely unrestricted motion,

and one, for a nucleus that moves only with the whole

molecule. It is typically observed that S2 is lower for

the N- and C-termini of the protein, reflecting their

flexibility (Fig. 6).

The correlation between dynamics and complex for-

mation has also been probed using these experiments.

Intuitively, one might expect the binding of a ligand to

a protein or enzyme to reduce motion in a protein and

therefore we would expect to see an increase in S2;

indeed, many studies have observed this trend [44,45].

However, there are also many exceptions [46], arguing

that our understanding and ability to predict dynamics

is not yet fully developed. For example, the sterile

alpha motif domain of VTS1p forms a tight complex

with a RNA hairpin target, without any significant

structural changes appearing to occur [47,48]. Analysis

of 15N relaxation data for the free domain shows a

rigid structure with high S2, whereas a general decrease

in S2 is surprisingly observed upon complex formation

[48]. These data suggest that the VTS1p–RNA interac-

tion is driven by an increase in conformational entropy.

Slower motions (ls-ms)

As noted above, R2 relaxation rates can provide infor-

mation on slower internal motions in proteins.

Related, but more sophisticated, relaxation dispersion

measurements developed by Loria et al. [49] and Mul-

der et al. [50] provide entry into far more detailed

understanding of protein dynamics. This technique

allows one to probe the kinetic, thermodynamic and

structural parameters that define conformational fluc-

tuations [51,52], even permitting the characterization

of almost ‘invisible’ states that are populated at levels

so low (down to a few per cent) that they cannot be

directly detected [53,54].

These experiments have provided mechanistic insight

into a number of systems. Analysis of the proteins

NtrC [55,56], adenylate kinase [57] and Fyn SH3 [58]

Fig. 4. Model of the complex formed between the GATA-type zinc

finger of the transcription factor MED-1 and its DNA target [39].

The protein is shown as a grey ribbon (with zinc-ligating residues in

yellow and the zinc ion as a grey sphere) and the DNA is shown as

a surface representation. The model was created in HADDOCK using

a combination of chemical-shift mapping, mutagenesis and intermo-

lecular NOE data. The helix on the right-hand side of the structure

as shown forms only upon DNA binding.

Fig. 5. NMR experiments used to investigate processes occurring

on different timescales. Spin-relaxation experiments are used to

investigate events that occur between the ps–ns timescale up to

the low-ls timescale (fast exchange) [91]. More detailed insights

are gained by using relaxation dispersion experiments, which map

ls–ms timescale motions. The slowest processes, such as protein

folding, range from seconds to days and can be monitored using

amide-exchange experiments.

M. Bieri et al. Macromolecular NMR for the non-spectroscopist II

FEBS Journal 278 (2011) 704–715 ª 2011 The Authors Journal compilation ª 2011 FEBS 709



have demonstrated that ligand binding and enzymatic

activity can reflect a shift of a pre-existing equilibrium

within an ensemble, rather than the formation of a

new structure (induced fit). Analysis of multiple species

in the catalytic cycle of dihydrofolate reductase

(DHFR), which is important for cell growth and pro-

liferation [59], and a target of both anticancer and

antibacterial drugs, has similarly shown that slow time-

scale motions are important for catalysis [60–62].

These motions again comprise pre-existing equilibria

with species that are important at subsequent or pre-

ceding steps of the cycle [63]. Importantly, motions of

the cofactor-binding site are coupled with those of the

substrate-binding site. So how are these data useful?

Similar studies of DHFR bound to the anticancer

agent methotrexate or the antibiotic trimethorprim

show slow-motion dynamics in the drug (or substrate)-

binding site that resemble those of the holoenzyme,

although much slower [64]. However, in both protein–

drug complexes, the slow motions in the cofactor-bind-

ing site appear quenched and thus the motions of the

two sites have been decoupled. These data show that

inhibition is not simply a competition for a binding

site, but can involve disruption of motion at a distal

site. NMR approaches to understanding protein flexi-

bility may thus offer new opportunities in drug design.

Really slow motion (> ms)

It is straightforward to use hydrogen–deuterium

exchange experiments to monitor very slow processes in

proteins. A sample of fully protonated protein is dis-

solved in a buffer made up in 100% deuterated water

and 15N-HSQC spectra are acquired at different time

intervals [65,66], allowing the measurement of exchange

rates for each amide proton. These rates are correlated

with the structural stability of each part of a protein and

are valuable for understanding the mechanisms underly-

ing protein folding. Similar to the relaxation dispersion

measurements described above, amide exchange rates

can report on rare conformations [67] that cannot be

observed directly and yet must be accessed for exchange

to occur. The experiment hinges on the idea that for an

amide hydrogen to exchange with deuterium it requires

the breaking of all hydrogen bonds in which the amide

proton is involved. Because most amides from struc-

tured parts of a folded protein are involved in intramo-

lecular hydrogen bonds, this requires an unfolding event

to break the hydrogen bond and thereby allow hydro-

gen–deuterium exchange to occur. These unfolding

events are relatively rare and may be local, sub-global

(involving a substantial portion of the protein) or global.

By following the dependence of amide–proton exchange

Fig. 6. 15N spin-relaxation data for a small nucleotide binding protein. S2 is a measure of backbone conformational entropy and it can take

values from 0 (disorder) to 1 (rigid). Low S2 values are typically observed for the N- and C-termini and for loops. Rex describes ls–ms motion,

which is often present in loops and observed in situations in which conformational change takes place. In this example, Rex is particularly

pronounced in a helix that extends away from the body of the protein. Structures are colour- and width-coded according to increasing

motion, such that smaller S2 or larger Rex values are represented by thicker lines and increasing red colouring.

Macromolecular NMR for the non-spectroscopist II M. Bieri et al.
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on low levels of denaturant, regions that fold indepen-

dently of the rest of the protein can be discerned [66,68].

ZZ-exchange experiments have also been used to

characterize slow exchange processes [69], including

ligand binding, enzyme activity and cis–trans peptide

bond isomerism [70,71]. Resonances from a residue

that is involved in a slow exchange process may give

rise to two discrete signals and the exchange between

the two states can be observed in the experiment,

yielding an exchange rate constant.

Hot off the press – new NMR
approaches

Out of the tube into the cell

A common source of frustration for structural biolo-

gists is the need to convincingly show that the structure

that they have solved is biologically relevant, because it

could be argued that most NMR and X-ray samples

are not representative of in vivo conditions. However,

the noninvasive nature of NMR enables the acquisition

of spectra of isotopically labelled proteins inside cells

[72]. ‘In-cell’ NMR [73] was initially used to study the

folding of proteins in the bacterium Escherichia coli

[74] and to monitor protein–protein interactions [75].

Later studies were conducted using Xenopus laevis

oocytes [76] and most recently this approach has been

extended to human cells [77], allowing changes in the

structure of a protein in the cell to be probed by moni-

toring chemical shifts in a 15N-HSQC spectrum of the

protein. Recently, the full 3D structure was determined

for a protein in the cytoplasm of E. coli (albeit at rela-

tively low resolution); this structure agreed well with

the structure determined in vitro [78], which is very

reassuring after two and a half decades of in vitro struc-

ture determination using NMR! In-cell NMR is an

exciting new avenue for NMR structure determination

and this new technology is likely to find wide applica-

tion in probing protein–drug interactions, protein fold-

ing and the in-cell dynamics of macromolecules.

The rise of protein solid-state NMR spectroscopy

Solving the structures of hard-to-crystallize proteins,

such as integral membrane proteins, or naturally

aggregating proteins, such as fibrillar or amyloid pro-

teins, is a significant challenge, but nevertheless a

highly desirable goal considering, for example, the

many important functions carried out by membrane

proteins and their prevalence as drug targets. In recent

years, solid-state NMR approaches have been devel-

oped with the goal of obtaining structural and

dynamic information from such systems [79–83]. As

for solution-state NMR, the development of higher

field magnets, improved instrumentation and the pro-

duction of isotopically enriched samples has driven the

development of this cutting-edge field. ‘Raw’ solid-

state NMR spectra are typically very broad due to the

effects of several nuclear interactions that are averaged

to zero in the free-tumbling solution state. Numerous

spectroscopic and hardware advances over the last

20 years (and particularly over the last 5 years) have

substantially alleviated these problems, giving rise to

extremely high-quality NMR spectra of proteins in the

solid state. These advances have led to the determina-

tion of 3D structures of several small proteins [84–86],

and these reports have ushered in a new era in the

analysis of protein structure. More reports of chemical

shift assignments made for larger proteins and protein

complexes such as the tetrameric integral membrane

KcsA potassium channel (70 kDa) [87] and DsbA

(21 kDa) [88] demonstrate the potential of this field

for obtaining structural and dynamic information of

large macromolecular complexes that are not amenable

to traditional solution NMR approaches or X-ray

crystallography. Amyloid and other fibrillar proteins

are similarly revealing their secrets to solid-state NMR

approaches. Chemical shift assignments have been

made for the Alzheimer’s disease-related peptide

Ab(1–40) [89] and the Het-S(218–289) prion protein

[90], among others, permitting determination of the

conformation of the monomers that make up these

otherwise recalcitrant fibrillar structures.

Summary

In this and the accompanying review [1], we have tried

to provide an introduction to modern macromolecular

NMR spectroscopy that is accessible to all life scien-

tists. We hope to have demonstrated that NMR is a

powerful and versatile tool that can provide insight

into protein structure and function on many levels, and

need not involve too much quantum mechanics

(although that is always an option if one is so inclined).

We further hope that these reviews provide researchers

with the ability to interpret and critique the existing

NMR literature as well as inspiration for scientists to

make use of NMR spectroscopy to complement

their own research. Chances are that your local NMR

spectroscopist will be more than happy to help!
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